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1. Introduction
Traditional parasitology methods, including archaeoparasitology 
(Reinhard, 1990), involve a microscopic examination of recov-
ered parasite material to study diagnostic morphological char-
acteristics of parasite life stages. Morphological identification is 
relatively straightforward and cost efficient. It requires little in 
the way of equipment or chemicals and can be completed in al-
most any setting, including a field lab. Morphological methods 
can provide information on the developmental stage of parasites. 
However, the resolution and precision of the taxonomic identi-
fication of parasites based on morphology is dependent on 1) 
whether the tissues observed are distinguishable between differ-
ent taxa, 2) the level of preservation of parasite tissues. Egg mor-
phology and homologous structures between larvae and adult 
parasites, including parasites from different taxonomic families, 
are frequently indistinguishable (Bott et al., 2009; Bryant and 
Dean, 2006; Reinhard and Bryant, 1992).
Molecular taxonomic identification can differentiate closely 
related genera bearing morphological similarities (Iniguez 
et al., 2003a, 2006; Oh et al., 2010) and may identify parasites 
within samples lacking intact diagnostic tissues. For these rea-
sons, it has been suggested that the use of molecular methods 
can be applied directly to the coprolite material, limiting or re-
placing the need for traditional morphological approaches. (Ini-
guez et al., 2002, 2003a, 2003b, 2006; Leles et al., 2008; Oh et al., 
2010). However, molecular approaches have their own limi-
tations. In general, molecular identification is more time con-
suming and costly. It requires specialized acquisition and pro-
cessing of samples, equipment, knowledge and skills. It also 
requires a specialized lab environment, especially when pro-
cessing samples for ancient DNA analysis (Paabo et al., 2004). 
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Abstract
This paper reports an approach to the identification of prehistoric parasitic infection, which integrates traditional 
morphological methods with molecular methods. The approach includes the strengths of each method while mit-
igating the limitations. Demonstrating the efficacy of this approach, we provide a case study from a 1400 year old 
desiccated fecal sample from La Cueva de los Muertos Chiquitos, archaeological site, near Rio Zape, Durango, 
Mexico. Traditionally prepared microscope slides were processed via microscopy and tentative ascarids were 
identified. Information regarding the parasites’ developmental stage was recorded. DNA was then extracted di-
rectly from the slide material. From this DNA extract, a small segment of the 18S ribosomal RNA gene variant 
that is specific to Ascaris, and its phylogenetically close relatives, was targeted for PCR amplification and sequenc-
ing. Phylogenetic analysis of the DNA sequence best matched a member of physalopterids, rather than ascarids, 
with a single exception of a match to Contracaecum spiculigerum. Subsequent extractions, amplifications and se-
quencing of the original rehydrated coprolite material confirmed these results. The C. spiculigerum sequence rep-
resented a phylogenetic anomaly and subsequent analysis determined the sequence was an error in the BLAST 
database, likely attributable to misidentification of juvenile specimens prior to sequencing and submission. Phy-
saloptera are a difficult genus to identify morphologically and can carry major health burdens. They may be un-
derreported in humans, in part, because of morphological similarities to the more common human parasites be-
longing to ascarids. We conclude that integrating traditional morphological methods with molecular methods 
can help resolve this issue, in both contemporary and prehistoric populations.
Keywords: Ancient DNA, Archaeoparasitology, Physaloptera, Coprolites, Ascaris, Contracaecum spiculigerum
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Even with unlimited time and resources, molecular approaches 
require preserved DNA, and even when DNA preserves well, 
molecular data are unable to provide information regarding the 
developmental stage of the parasite.
Both approaches are constrained by available comparative 
data. The lesser known parasites have very few morphological 
references. Likewise, genetic sequences are biased toward the 
most commonly encountered parasites, and even these may be 
represented by only a single sequence.
Our protocol calls for a combined and modified methodol-
ogy. This approach provides synergy, maximizing the benefits 
and minimizing the limitations of either method on its own. 
Our case study uses a coprolite sample from the archaeological 
site of La Cueva de los Muertos Chiquitos in Durango, Mexico 
to demonstrate benefits and future challenges of a combined 
methodology.
2. Methods
La Cueva de los Muertos Chiquitos is a rock shelter with excel-
lent preservation, located approximately 50 feet above the Rio 
Zape in a cliff face (Brooks et al., 1962; Jiminez et al., 2012) (see 
Supplemental KML Map).
A trail connecting the Rio Zape site with other towns runs 
along the river and passes seven to eight feet below the cave 
entrance. The cave itself is accessed by finger and toe holds. 
The cave was first excavated in the 1960s and yielded a num-
ber of infant and adult burials, as well as well-preserved bo-
tanical and cultural material. Coprolites preserved by desicca-
tion in the arid environment were also recovered. Adobe floors 
and walls provide evidence of human renovation of the cave 
interior for human habitation. Botanical and faunal evidence 
suggest that the inhabitants were an agricultural group, raising 
maize, beans and squash. They also gathered wild resources 
and hunted wild game for protein. Coprolites were excavated 
from a midden sealed beneath an adobe floor and in association 
with a number of human burials (Brooks et al., 1962). Archaeo-
parasitological analysis of a number of these coprolites has re-
cently been published (Jiminez et al., 2012). The coprolites have 
also been shown to have excellent DNA preservation for char-
acterizing the ancient human gut (Tito et al., 2008, 2012).
Sample Zape 23, molecularly assigned to Native American 
Haplogroup B (Tito et al., 2012), was chosen for rehydration 
and morphological analysis. As part of the standard ancient 
DNA sample preparation protocol, the outer layer of bone and 
fecal material is generally removed to limit contamination. For 
example, studies of ancient human DNA from the coprolites 
could be confounded by modern human DNA on the sample’s 
surface. However, some parasites such as Enterobius vermicu-
laris may only be found on the exterior of the fecal bolus due 
to the nature of female egg-laying outside the rectum (Jiminez 
et al., 2012). Removal of the surface of the coprolite may remove 
evidence of this parasite. In an attempt to capture all potential 
parasites, we did not remove the outer layer of the bolus; in-
stead, we reserved these subsamples “for parasite only” analy-
ses. Approximately 1 g of coprolite material was removed from 
the original fecal bolus and clearly marked for use as a parasite 
only DNA extraction, to segregate them from other subsamples 
of the same coprolite.
2.1. Rehydration of “parasite only” subsamples
Homogenization and rehydration were completed in the Uni-
versity of Oklahoma’s (OU) dedicated ancient DNA laboratory 
which includes positive pressure class 10,000 HEPA filtered 
ventilation. Researchers wore full sterile jumpsuits, goggles, 
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masks and double gloves. The lab was UVC irradiated prior 
to and after each work session. All workstations were bleached 
prior to and after the work session. Sterile scalpels were used to 
separate the subsamples.
The 1 g of dry fecal material was disaggregated using the 
sterile scalpel and mixed to homogenize the sample. For re-
hydration, we utilized Tris–EDTA pH 8 (TE) solution follow-
ing the protocol used by Iniguez et al. (2003a). To each sam-
ple, 2 ml–5 ml of TE solution were added depending on the 
absorbency of the coprolite. The solution was then vortexed to 
further disaggregate and homogenize the sample. The samples 
were strapped to a slowly rotating orbiter and allowed to rehy-
drate for 72 h, samples were vortexed daily.
At the end of 72 h, 500 μl aliquots of both the aqueous and 
solid phases were transferred to 2 ml microcentrifuge tubes. 
The tubes were wrapped in plastic paraffin film and then sealed 
in double plastic bags for transport to the Veterinary Parasitol-
ogy Laboratory at Oklahoma State University (OSU). The re-
maining rehydrated sample was then stored in the minus 20 °C 
freezer in the ancient laboratory
2.2. Morphological analysis
At the Veterinary Parasitology Laboratory, each aliquot was 
transferred to a 15 ml conical tube and Sheather’s Sugar Solution 
was added until a reverse meniscus formed. A microscope slide 
cover slip was added to the top of each tube and the tubes were 
placed in a centrifuge. The samples were centrifuged for five 
minutes at 2500 rpm. The cover slips were lifted directly up at a 
90° angle and immediately placed on a clean microscope slide. 
The slides were then transferred to a microscope and examined 
beneath 100× and 400× magnifications. Potential parasite eggs 
were noted. Additionally, insect fragments, pollen grains and 
plant materials were noted but were not analyzed for this study.
2.3. Extraction
The prepared microscope slides were transported back to the 
Molecular Anthropology Laboratories at OU and placed in the 
4 °C refrigerator in the main laboratory. Using a buccal swab 
and molecular grade ddH20, each microscope slide was rinsed 
and swabbed to remove the fecal flotation material. The swab 
was then processed using the Mo Bio Ultra-Clean® Fecal DNA 
Isolation Kits according to the manufacturer’s protocol with 
one minor modification: to facilitate lysis of durable parasite 
eggs we added a mechanical heat/freeze step to the Mo Bio 
extraction, by subjecting the samples to a cycle of heating and 
freezing (Leles et al., 2008). After 250 μl of sample were added 
to the Mo Bio bead tubes, the samples were heated for five 
minutes at 63 °C followed by five minutes in the minus 20 °C 
freezer and a final thawing step of five minutes at 63 °C.
Extraction of the original rehydrated samples were also per-
formed on 25 μl aliquots using the Mo Bio Ultra Clean® Fecal 
DNA Isolation Kits in the dedicated ancient DNA lab in full 
protective gear and taking all routine ancient DNA precau-
tions. An extraction blank was also processed in tandem with 
the sample extraction; in the blank, water was substituted for 
sample material.
2.4. Amplification
A polymerase chain reaction (PCR) using Ascaris 18S primers 
(Table 1) was prepared with the following chemistry: 0.1 μl of 
5U/μl Platinum Taq (Invitrogen 10966-018), 3 μl of 10X Plat-
inum Taq buffer, 0.9 μl of 10 mM dNTP’s, 1.5 μl of 50 mM 
MgCl2, 1.8 μl of each 5 μM primer, 16.9 μl of molecular grade 
ddH20 and 4 μl DNA template. This PCR formula uses an in-
creased amount of magnesium chloride following the pub-
lished protocol of Loreille et al. (2001). We maintained this for-
mula for all PCRs and all primer sets, previously published or 
designed as part of this study. Each PCR tube was individually 
capped and sealed prior to leaving the ancient lab for amplifi-
cation. To provide a positive control by which to assess the suc-
cess or failure of the PCR itself, 4 μl of modern Ascaris DNA, at 
10 ng/μl, was then added to one tube only in the modern lab 
prior to being placed in the thermocycler. For the Ascaris primer 
pairs, the following thermocycler program was used: one cycle 
at 94 °C for 2:00 (initial denaturing), 60 cycles at 94 °C for 15 s 
(denaturing), 52 °C for 15 s (annealing), 72 °C for 15 s (exten-
sion) and one cycle of 72 °C for 5:00 (final extension). This PCR 
returned amplicons of the predicted size, ~99 bp and ~123bp, 
which were Sanger sequenced.
2.5. Sequence identification
The returned sequence data were trimmed and primers re-
moved prior to inputting the samples in the US National Cen-
ter for Biotechnology Information’s Basic Local Alignment Tool 
(BLAST) using their BLASTN program on the whole NCBI ref-
seq_genomic database. Scores were compared to Ascaris se-
quences for closeness of match. Additionally, scores with the 
highest coverage and identity were retained.
2.6. Cloning and sequencing
PCR product was then cloned following the TOPO TA proto-
col and using imMedia™ Kan Blue culture medium (Cat. No. 
28236) and thirteen clones sent for sequencing. These data were 
trimmed, removing the M13 primers as well as the Ascaris prim-
ers, before submitting the sequences to the BLASTN program.
2.7. Replication
In order to test the replicability of our results, we performed 
two new extractions on the originally rehydrated material, sub-
mitting them to the same protocols as outlined above.
2.8. Additional primer design
We designed new primers to increase the length of our 18S se-
quence fragment. The same PCR chemistry was used with the 
exception of using 58 °C for the annealing temperature rather 
Table 1. 18S gene primer sets. The initial PCRs were done using the Ascaris primers Asc6-9. The Physa18s primers were used in additional PCRs to expand the 
length of the sequence fragment.
Primer sets (18S Gene) Primer sequence Size Initial or Annealing Citation 
   additional PCR temp
Asc 6 F Asc7 R CGAACGGCTCATTACAACAG TCTAATAGATGCGCTCGTC ~123bp Initial 52 °C Loreille et al., 2001
Asc 8 F Asc 9 R ATACATGCACCAAAGCTCCG GCTATAGTTATTCAGAGTCACC ~99 bp Initial 52 °C Loreille et al., 2001
Physa18s243F Physa18s343R TGAATAGCTCTGGCTGATCG CAACCATGGTAGGCACATAAAC ~100 bp Additional 58 °C This study
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than the 52 °C. This resulted in a consensus sequence of ~190 
bp for the 18S gene. There is a 28 bp gap, representing about 
15% of the consensus sequence, which is attributed to difficul-
ties in finding effective primers covering this region.
2.9. Phylogenetic tree construction
The Neighbor Joining algorithm (Saitou and Nei, 1987) was 
used to further assess the strength of the Rio Zape 23’s match 
to physalopterids. We created a pool of published sequences 
for the 18S gene for Ascaris, Contracaecum, Turgida and Physalop-
tera. In Mega 5 (Tamura et al., 2011) we aligned the sequences 
and constructed a neighbor joining tree with 1000 bootstrap re-
iterations. The evolutionary distances were estimated using the 
Maximum Composite Likelihood method (Tamura et al., 2004a; 
2004b). To test the consistency of results, alternative tree build-
ing methods were constructed using Mega 5, specifically, Max-
imum Likelihood and Maximum Parsimony.
3. Results and discussion
3.1. Morphology
The microscopic examination identified potential ascarids as 
well as possible taenids in the fecal sample. Jiminez et al. (2012) 
identified Dipylidium caninum eggs in sample Rio Zape 23. Pol-
len, plant remains and insect remains were also noted in the 
flotation samples, but were not analyzed as part of this study. 
The results of the morphological analysis provided a guideline 
for the molecular analysis. Based on the finding of potential as-
carids and possible taenids, we chose to pursue the ascarids 
with previously published protocols, for the initial PCR am-
plifications. Attempts to amplify taenids in the lab had been 
problematic due to the large size of previously published prim-
ers and difficulty in designing primers that worked well, for 
these reasons we chose not to pursue taenids in this study. This 
guided approach retains the valuable information provided by 
the morphological results, such as the parasite’s developmental 
stage, while providing greater confidence in taxonomic iden-
tification, and even potentially impacting parasite taxonomy.
3.2. Extraction and PCR from the microscope slide
There is evidence to suggest that it is possible to obtain genetic 
results from a single worm, or a single egg (Carlsgart et al., 
2009; Shayan et al., 2007). Therefore, the first extraction was 
performed on the flotation solution affixed to the microscope 
slide that contained the parasite remains. Because the parasites 
eggs were Ascaris-like, our PCR amplification used primers that 
were specific for Ascaris and its close relatives.
The result of the initial extraction provided the first se-
quence identified to the Physaloptera genus rather than Ascaris. 
However, because the sample could have been contaminated 
during its preparation in the OSU Veterinary lab, we reserved 
consideration until more results were obtained directly from 
the rehydrated samples in OU ancient DNA lab.
This extraction step and the subsequent PCRs, clones, and 
DNA sequence data provided information for several consider-
ations. First, it allows us to test the morphological identification 
directly on the organism identified on the slide. Second, it pro-
vides a baseline for comparison with subsequent DNA extrac-
tions and PCRs performed on the fecal samples that remained 
protected in the ancient DNA lab, which allows us to test for 
DNA contamination as well as consistency of our original iden-
tification. Third, it allows a more precise taxonomic identifica-
tion when morphological identification is ambiguous.
3.3. Molecular analysis
The amplicons recovered from the PCRs and cloning of the 
original Ascaris primer set were consistent with the size ex-
pected. The clones were identical in sequence to the direct se-
quence from the PCR amplifications. The design of an addi-
tional Physaloptera specific primer set allowed us to increase the 
size of our sequence, with a gap of 28bp between the new and 
original primers sets. Because of the gap in our generated se-
quence data, the maximum possible coverage for any BLAST 
result would be 85%. With this level of coverage, there were 
several matches at 100% identity. The strongest matches were 
to data for Physaloptera sp. SAN-2007 and a Contracaecum spic-
uligerum, both having the highest bit scores of 191 and E-val-
ues of 2e-45. Additional results providing 85% coverage and 
100% identity were to data for a Physaloptera turgida, with a bit 
score of 185 and an E-value of 8e-44 and a Turgida torresi with 
bit scores of 180 and E-values of 4e-42. T. torresi is a physalop-
terid and the only species in the genus Turgida; Ortlepp (1922) 
considers this genus and species to be synonymous with Physa-
loptera torresi. A Physaloptera identified as Physaloptera sp. SAN-
2010 also had the same BLAST confidence as the T. torresi. A 
slightly less confident match was data for a Physaloptera thalaco-
mys, which had the same bit score and e-values (180 and 4e-42, 
respectively) including 100% identity, but only 83% coverage 
(for discussion of bit scores and E-values see Madden (2002): 
http://www.ncbi.nlm.nih.gov/books/NBK21097/#A614 ).
The neighbor joining tree generated using the data from the 
BLAST matches as well as the available published data for as-
carids is provided in Fig. 1. The resulting topology of the neigh-
bor joining tree was consistent across alternative tree building 
methods, including Maximum Likelihood and the consensus 
tree from Maximum Parsimony. In the tree, Ascaris and Physa-
loptera form two distinct groups. The tree groups T. torresi with 
Physaloptera species, which is expected because this genera is a 
physalopterid. With one exception, the tree groups Contracae-
cum with Ascaris species, which is expected because Contracae-
cum is a genus of anisakid, in the ascarid family. The exception 
is data for a C. spiculigerum which presents an anomaly.
The C. spiculigerum sequence was a 100% match to Physa-
loptera sp. SAN-2007, but as demonstrated by the robust boot-
strap values, it differed significantly from other Contracaecum 
and Ascaris sequences. The data for this C. spiculigerum is an ex-
ception to a tree that otherwise reflects a robust phylogenetic 
pattern of monophyletic groupings of the observed parasites. 
With this one exception, the results robustly separated the phy-
salopterids (Physaloptera and Turgida) from the ascarids (Asca-
ris and Contracaecum) as monophyletic groups with bootstrap 
values of 95%. With this one exception, the tree further differ-
entiates Contracaecum species from other parasites with a boot-
strap value of 99%. For the physalopterids, the tree grouped the 
avian adapted species with bootstrap values of 90%, and, with 
this one exception, grouped mammalian adapted species with 
a bootstrap value of 86%.
The C. spiculigerum sequence is clearly a misidentified Physa-
loptera. The published study of this sequence (Sato and Suzuki, 
2006) is a report on the genetic analysis of trematodes and does 
not report a genetic analysis of nematodes, like Contracaecum. 
The misidentified Physaloptera sequence was an unpublished 
direct submission to GenBank. This misidentified Physaloptera 
specimen further highlights the challenges associated with mor-
phological identification of parasites. The error is likely attrib-
uted to the parasite’s immature developmental stage; Sato and 
Suzuki (2006) noted that all studied individuals bearing Contra-
caecum also bore Physaloptera and that the Contracaecum speci-
mens were either an immature female or one of four juveniles. 
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Our phylogenetic reconstruction demonstrates the added accu-
racy of applying molecular methods to parasite studies.
3.4. Physaloptera and difficulty in diagnosis
The recovery of an unexpected Physaloptera in the prehistoric 
sample highlights the importance of using a multi-pronged ap-
proach to parasite analysis in both modern and ancient sam-
ples. Physaloptera represent a model for the efficacy of combin-
ing methods in order to obtain more robust and informative 
results. This particular parasite is considered rare in humans, 
and as such is not a parasite that is routinely considered in par-
asite diagnosis. However, it is possible that this assumption is 
poorly supported by the available documentary evidence. Phy-
saloptera are particularly difficult to identify in both veterinary 
and human samples and as a result may be underreported.
Physaloptera eggs are very similar to decorticated Ascaris 
eggs in appearance (Hira, 1978; Vandepitte et al., 1964). Sev-
eral researchers note that this could be problematic in diagno-
sis and may have led to an underreporting of Physaloptera in-
fections (Campbell and Graham, 1999; Gutierrez, 2000; Leiper, 
1911; Vandepitte et al., 1964). Ascaris is a common parasite of 
humans both prehistorically and in modern populations (Leles 
et al., 2008; Loreille et al., 2001; Reinhard, 1990). A Physaloptera 
egg could very easily be misdiagnosed as a decorticated Asca-
ris egg. Physaloptera larvae are also often confused with Ascaris 
(Apt et al., 1965; Fain and Vandepitte, 1964; Flynn and Baker, 
2007; Gutierrez, 2000; Hira, 1978; Leiper, 1911; Vandepitte et al., 
1964). Eggs of Physaloptera are also few in numbers and rela-
tively heavy, so they may not be captured in a flotation proto-
col, although a Sugar Solution Flotation has been recommended 
by veterinary parasitologists (David and Lindquist, 1982; John-
son-Delaney, 2009; Kazacos, 2010). Females may not produce a 
large number of eggs; there is little information on the number 
of eggs produced, unlike Ascaris which produce up to 200,000 
eggs a day (Lee, 1955; Leles et al., 2008; Loreille et al., 2001; Ol-
sen, 1986). It is suspected that adult Physaloptera are present in 
relatively small numbers, unlike Ascaris which can be present in 
rather large communities (Campbell and Graham, 1999; John-
son-Delaney, 2009; Kazacos, 2010; Naem et al., 2006; Nicolaides 
et al., 1977).
The genus Physaloptera is composed of between 92 and 126 
identified species inhabiting a broad range of hosts, including 
mammals, birds, reptiles, amphibians and insects (Ortlepp, 
1922; http://insects.tamu.edu/research/collection/hallan/
Nematoda/Family/Physalopteridae.txt ). Its broad range of 
host species suggests that this is a generalist parasite. From ex-
isting information, most species utilize insects such as crick-
ets, cockroaches, and beetles as the intermediate host (Alicata, 
1937; Cawthorn and Anderson, 1976; Fain and Vandepitte, 
1964; Gray and Anderson, 1981; Guerrero et al., 2010; Gupta 
and Pande, 1970; Harrison and Hall, 1909; Hobmaier, 1941; Ir-
win-Smith, 1921; Lincoln and Anderson, 1972; Magnone et al., 
2007; Naem et al., 2006; Petri, 1950; Schell, 1952). It is also possi-
ble that some species utilize snakes, frogs and possibly some ro-
dents as paratenic hosts (Cawthorn and Anderson, 1976). Very 
little is known about the life cycle of most species of Physalop-
tera, but from information available, it suggests that this genus 
attaches itself to the mucosal lining of the gastrointestinal tract 
of its host by embedding its caudal end in the host tissue. Ini-
tially, the infective larvae attach in a spread out fashion individ-
ually, but later migrate to form small communities clumped to-
gether. They produce ulcers in the mucosal lining and result in 
bleeding, melena, vomiting and diarrhea and abdominal pain. 
The ulcers also provide an opening for opportunistic pathogens 
(Schell, 1952).
Third stage infective larvae are also capable of causing debil-
itating health consequences even in a non-definitive host (Nico-
laides et al., 1977; Schell, 1952). Third stage larvae will attach 
themselves in the gastrointestinal tract in the same places they 
would in their definitive host and this complicates diagnosis 
because, while they will attach and cause the same symptoms, 
they will not develop to sexual maturity and therefore they will 
not produce eggs to be expelled in the feces (Alicata, 1937; An-
derson, 1988; Basir, 1948; Cawthorn and Anderson, 1976; Schell, 
1952). Physaloptera attach in the esophagus, stomach and small 
intestine. Its location is relative to whether or not vomiting or 
diarrhea is present as symptoms.
Physaloptera was first identified in humans from the Cau-
casus Mountains in Russia in 1902. It has also been identified 
in humans in Africa and South America. It is also known to 
infect baboons and chimpanzees as well as other Simian pri-
mates. Physaloptera caucasica and Physaloptera mordens have both 
been identified in humans; today they are considered synony-
mous (Irwin-Smith, 1921; Hahn et al., 2003; Hira, 1978; Lleras 
and Pan, 1955; Mbora and McPeek, 2009; Morgan, 1945; Murray 
et al., 2000; Mutani et al., 2003; Oliveira-Menezes et al., 2011; 
Ortlepp, 1922, 1926; Weyher et al., 2006). An infection has been 
Figure 1. Neighbor-joining tree with 1000 
bootstrap reiterations. The comparative 
taxa were chosen for their close 
relatedness to Physaloptera and to analyze 
the anomalous Contracaecum spiculigerum 
sequence. Green represent Contracaecum, 
blue represent Ascaris, orange represent 
Physaloptera infecting avian species and 
red represent Physaloptera infecting 
mammalian species. The Zape 23 
consensus sequence falls securely among 
the mammalian Physaloptera, as does 
Contracaecum spiculigerum. This tree 
separates ascarids from physalopterids 
with a 95% confidence. It separates 
Ascaris and Contracaecum genera with 
a 99% confidence. It also separates the 
avian Physaloptera from the mammalian 
Physaloptera with 90% confidence for the 
avian branch and an 86% confidence for 
the mammalian branch.
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documented involving an 11 month old infant in 1977 which 
require surgical intervention to cure. The species infecting the 
infant was more typical of Australian bandicoots (Nicolaides 
et al., 1977); demonstrating the generalist nature and the ability 
of third stage larvae to negatively impact non-definitive hosts.
Possible Physaloptera have been identified in two other pre-
historic coprolites, one considered to be a canid in origin and 
another human, both from Argentina (Fugassa et al., 2006, 
2007). The current study represents the first molecularly con-
firmed infection of Physaloptera in a prehistoric human. Given 
the generalist nature and the difficulties of identifying Physalop-
tera infections, this parasitic infection may not be as rare as once 
believed—but additional testing of more samples is required to 
test this hypothesis.
4. Conclusion
The Zape 23 coprolite provided a sample for the testing of a 
combined and complimentary methodology for identifying the 
presence or absence of parasite remains in prehistoric samples. 
This methodology is applicable to modern samples as well. The 
approach resulted in the discovery of a parasite missed in pre-
vious traditional analyses of sample Rio Zape 23 (Jiminez et al., 
2012). Jiminez and his colleagues were successful in recovering 
D. caninum eggs, but no other species.
Morphological analysis is often hampered by lack of intact 
physical remains or the similarity of morphological features be-
tween organisms at different developmental stages. This study 
demonstrates this difficulty by the initial identification of eggs 
as possible ascarids. By adding a step that extracts DNA from 
the microscope slide used for morphological analysis, we are 
able to isolate identified specimens for genetic analysis, as well 
as isolating ambiguous specimens. In this case, the initial ge-
netic analysis on the microscope slide extraction returned an 
unexpected sequence related to a physalopterid rather than the 
anticipated ascarid. This highlights the difficulty in morpho-
logical certainty.
Molecular analysis can help to differentiate or confirm or-
ganisms, even in the absence of visible physical remains. This 
analysis highlights the efficacy of this approach, while also high-
lighting areas that are less efficient. For example, theoretically, 
researchers should be able to differentiate samples to the species 
level with molecular data. However, in this case study, we were 
able to identify the sequences recovered to a mammalian associ-
ated physalopterid, but not a specific species, because the data-
base does not contain enough reference sequences. An additional 
issue highlighted by this study was the presence of a misidenti-
fied sequence—C. spiculigerum, in the national database.
It should be noted that absence of results either morpholog-
ically or molecularly do not necessarily mean that an organism 
is not present. Parasites can be differentially preserved depend-
ing on density and reproductive capacity, as well as, post-dep-
ositional environment. In this case, multiple lines of evidence 
support the presence of Physaloptera in this subsample.
Despite the limitations of each methodology by itself, by 
combining them, their complementarity provides a robust and 
informative methodology. We conclude that rather than being 
alternatives to one another, a combined morphological-molec-
ular methodology for parasite identification is the most infor-
mative and most robust approach currently available to study 
both modern and prehistoric samples.
Acknowledgments — Support for this research is from the Na-
tional Institutes of Health (grants R01 HG005172-01 and R01 
GM089886-01A1). The funders had no role in study design, 
data collection and analysis, decision to publish, or preparation 
of the manuscript. Modern parasite samples for positive con-
trols were provided by Cathy Snider, Department of Medical 
Parasitology, Texas Department of State Health Services. We 
thank Dr. Otto Brinkkemper, Cultural Heritage Agency of the 
Netherlands, Amersfoort, the Netherlands and the two anon-
ymous reviewers for Journal of Archaeological Science for their 
comments and suggestions.
References
Alicata, J. E., 1937. Larval Development of the Spirurid Nematode, 
Physaloptera turgida, in the Cockroach, Blatella Germanica. Papers on 
Helminthol., 30 Year Jubileum, K. I. Skrjabin, pp. 11–14. 
Anderson, R. C., 1988. Nematode transmission patterns. J. Parasitol. 
74, 30–45. 
Apt, W., Sapunar, J., Doren, G., Rojo, M., 1965. Physaloptera caucasica 
first human cases in Chile. Bol. Chil. Parasitol. 20, 111–113. 
Basir, M. A., 1948. On Physaloptera larva from an insect. Can. J. Res. 26, 
197–200. 
Bott, N. J., Campbell, B. E., Beveridge, I., Chilton, N. B., Rees, D., 
Hunt, P. W., Gasser, R. B., 2009. A combined microscopic-molecu-
lar method for the diagnosis of strongylid infection in sheep. Int. J. 
Parasitol. 39, 1277–1287. 
Brooks, R. H., Kaplan, L., Cutler, H. C., Whitaker, T. W., 1962. Plant 
material from a cave on the Rio Zape, Durango, Mexico. Am. An-
tiq. 27, 356–369. 
Bryant, V. M., Dean, G. W., 2006. Archaeological coprolite science: The 
legacy of Eric O. Callen (1912–1970). Paleogeogr. Paleoclimatol. Pa-
leoecol. 237, 51–66. 
Campbell, K. L., Graham, J. C., 1999. Physaloptera infection in dogs and 
cats. Compend. Contin. Educ. Vet. 21. 
Carlsgart, J., Reopstorff, A., Nejsum, P., 2009. Multiplex PCR on sin-
gle unembryonated Ascaris (roundworm) eggs. Parasitol. Res. 104, 
939–943. 
Cawthorn, R. J., Anderson, R. C., 1976. Development of Physaloptera 
maxillaris (Nematode: Physalopteroidea) in skunk (Mephitis mephi-
tis) and the role of paratenic and other hosts in its life cycle. Can. J. 
Zool. 54, 313–323. 
David, E. D., Lindquist,W. D.,1982. Determination of the specific grav-
ity of certain helminth eggs using sucrose density gradient centrif-
ugation. J. Parasitol. 68, 916–919. 
Fain, A., Vandepitte, J. M., 1964. Description of Physaloptera (Abbrevi-
ata caucasica Linstow 1902) collected from humans in the Congo. 
Bull. Royal Acad. Med. Belg. 4, 663–682. 
Flynn, R. J., Baker, D. G., 2007. Flynn’s Parasites of Lab Animals. John 
Wiley and Sons. 
Fugassa, M. H., Denegri, G. M., Sardella, N. H., Araujo, A., Guichon, 
R. A., Martinez, P. A., Civalero, M. T., Aschero, C., 2006. Paleopar-
asitological records in a canid coprolite from Patagonia, Argentina. 
J. Parasitol. 92, 1110–1113. 
Fugassa, M. H., Araujo, A., Sardella, N. H., Denegri, G. M., Gulchon, 
R. A., 2007. New paleoparasitological findings in caves from Pata-
gonia, Argentina. Paleopathol. Newsl. 137, 17–21. 
Gutierrez, Y., 2000. Diagnostic Pathology of Parasitic Infections with 
Clinical Correlations, second ed. Oxford University Press, Oxford. 
Gray, J. B., Anderson, R. C., 1981. Development of Turgida turgida (Ru-
dolphi, 1819) (Nematoda: Physalopteroidea) in the Opossum (Di-
delphis virginiana). Can. J. Zool. 60, 1265–1274. 
Guerrero, J. H. M., Solis, M. E. P., Ramos, J. J. Z., Alferez, F. R., Casio, 
H. H., 2010. Report of Physaloptera praeputialis (Von Listow 1889, 
Nematoda) in Mountain Lion (Puma concolor, Linneaus 1771). J. 
Anim. Vet. Adv. 9, 601–603. 
Gupta, V. P., Pande, B. P., 1970. Partial life cycle of a physalopterid 
nematode parasitic in the stomach of carnivores. Curr. Sci. 17, 
399–400. 
Hahn, N. E., Proulx, D., Muruthi, P. M., Alberts, S., Altmann, J., 2003. 
Gastrointestinal parasites in free ranging Kenyan baboons (Papio 
cynocephalus and P. anubis). Int. J. Primatol. 24, 272–278. 
Harrison, A. J., Hall, I. W., 1909. Fatal enteritis in a tiger caused by 
Physaloptera praeputialis. Parasitology 2, 29–31. 
3066 c l e e l a n d  e t  a l .  i n  J o u r n a l  o f  a r c h a e o l o g i c a l  S c i e n c e  40  (2013) 
Hira, P. R., 1978. Some helminthozoonotic infections in Zambia. Afr. J. 
Med. Med. Sci. 7, 1–7. 
Hobmaier, M., 1941. Extramammalian phase of Physaloptera maxillaris 
Molin, 1860 (Nematoda). J. Parasitol. 27, 233–235. 
Iniguez, A. M., Vincente, A. C., Araujo, A., Ferriera, L. F., Reinhard, K. 
J., 2002. Enterobius vermicularis: Specific detection by amplification 
of an internal region of 5S ribosomal RNA intergenic spacer and 
trans-splicing leader RNA analysis: Enterobius vermicularis: Spe-
cific detection by PCr and SL1 RNA analysis. Exp. Parasitol. 102, 
218–222. 
Iniguez, A. M., Reinhard, K., Araujo, A., Ferreira, L. F., Vicente, A. C. 
P., 2003a. Enterobius vermicularis: Ancient DNA from North and 
South American human coprolites. Mem. Inst. Oswaldo Cruz 98, 
67–69. 
Iniguez, A. M., Ferriera, L. F., Vincente, A. C., 2003b. Analysis of an-
cient DNA from coprolites: A perspective with random amplified 
polymorphic DNA-polymerase chain reaction approach. Mem. 
Inst. Oswaldo Cruz 98, 63–65. 
Iniguez, A. M., Reinhard, K., Goncalves, M. L. C., Ferreira, L. F., 
Araujo, A., Vicente, A. C. P., 2006. SL1 RNA gene recovery from 
Enterobius vermicularis ancient DNA in pre-Columbian human cop-
rolites. Int. J. Parasitol. 36, 1419–1425. 
Irwin-Smith, V., 1921. Notes on nematodes of the genus Physalop-
tera, with special reference to those parasitic in reptile, Part 1. Proc. 
Linn. Soc. N.S.W. 46, 492–502. 
Jiminez, A. F., Gardener, S., Araujo, A., Martin Fugassa, R. H. B., Racz, 
E., Reinhard, K. J., 2012. Zoonotic and human parasites of inhab-
itants of Cueva de Los Muertos Chiquitos, Rio Zape Valley, Du-
rango, Mexico. J. Parasitol. 98, 304–309. 
Johnson-Delaney, C. A., 2009. Parasites of captive non-human pri-
mates. Vet. Clin. North. Am. Exot. Anim. Pract. 12, 563–581. 
Kazacos, K. R., 2010. How do you detect Physaloptera species eggs? 
Vet. Med. 105, 472–473. 
Lee, S. H., 1955. The mode of egg dispersal in Physaloptera phrynosoma 
Ortlepp (Nematoda: Spiruroidea), a gastric nematode of Texas 
horned toads, Phrynosoma cornutum. J. Parasitol. 41, 70–74. 
Leiper, R. T., 1911. On the frequent occurrence of Physaloptera mordens 
as an intestinal parasite of man in tropical Africa. J. Trop. Med. 
Hyg. 14, 209–211. 
Leles, D., Araujo, A., Ferriera, L. F., Vicente, A. C. P., Iniguez, A. M., 
2008. Molecular paleoparasitological diagnosis of Ascaris sp. from 
coprolites: New scenery of Ascariasis in Pre-Columbian South 
America times. Mem. Inst. Oswaldo Cruz Online, 1–5. 
Lincoln, R. C., Anderson, R. C., 1972. The relationship of Physaloptera 
maxillaris (Nematode: Physalopteroidea) to skunk (Mephitis mephi-
tis). Can. J. Zool. 51, 437–441. 
Lleras, A. S., Pan, C., 1955. Two cases of Physaloptera infection in man 
from Colombia. J. Parasitol. 41, 635. 
Loreille, O., Roumat, E., Verneau, O., Bouchet, F., Hanni, C., 2001. An-
cient DNA from Ascaris: extraction amplification and sequences 
from eggs collected in coprolites. Int. J. Parasitol. 31, 1101–1106. 
Madden, Tom, 2002. Chapter 16: the BLAST sequence analysis tool. In: 
McEntyre, J., Ostell, J. (eds.), The NCBI Handbook, Bethesda, MD; 
online: http://www.ncbi.nlm.nih.gov/books/NBK21097/#A614  
Magnone,W., Guadagnini, D., Sandri, C., Pascotto, E., Beraldo, P., 
Codolo, R., Salvelli, A., 2007. Pathogenic role of Physaloptera sp. in 
Lemures: A mortal case in Eulemur Macaco Macaco. Proc. Leibniz 
Inst. Zoo. Wildl. Res. Berlin 43, 290–292. 
Mbora, D. N. M., McPeek, M. A., 2009. Host density and human ac-
tivities mediate increased parasite prevalence and richness in pri-
mates threatened by habitat loss and fragmentation. J. Anim. Ecol. 
78, 210–218. 
Morgan, B. B., 1945. The nematode genus Abbreviata (Travassos, 1920) 
Schulz, 1927. Am. Midl. Nat. 34, 485–490. 
Murray, S., Stem, C., Boudreau, B., Goodall, J., 2000. Intestinal par-
asites of baboons (Papio cynocephalus anubis) and chimpanzees 
(Pan troglodytes) in Gombe National Park. J. Zoo Wildl. Med. 31, 
176–178. 
Mutani, A., Rhynd, K., Brown, G., 2003. A preliminary investigation 
on the gastrointestinal Helminths of the Barbados Green Monkey, 
Cercopithecus aethiops sabaeus. Rev. Inst. Med. Trop. Sao Paulo 45, 
193–195. 
Naem, S., Farshid, A. A., Marand, V. T., 2006. Pathological findings on 
natural infection with Physaloptera praeputialis in cats. Vet. Archiv. 
76, 315–321. 
Nicolaides, N. J., Musgrave, J., McGuckin, D., Moorhouse, D. E., 1977. 
Nematode larvae (Spirurida: Physaloperidae) causing infarction of 
the bowel in an infant. Pathology 9, 129–135. 
Oh, C. S., Seo, M., Chai, J. Y., Lee, S. J., Kim, M. J., Park, J. B., Shin, D. 
H., 2010. Amplification and sequencing of Trichuris trichiura an-
cient DNA extracted from archaeological sediments. J. Archaeol. 
Sci. 37, 1269–1273. 
Oliveira-Menezes, A., Lanfredi-Rangel, A., Lanfredi, R. M., 2011. The 
first description of eggs in the male reproductive system of Phy-
saloptera bispiculata (Nematoda: Spiruroidea). J. Helminthol. 85, 
142–145. 
Olsen, O. W., 1986. Animal Parasites and Their Life Cycles and Ecol-
ogy. Courier Dover Publications, Mineola, New York. 
Ortlepp, R. J., 1922. The nematode genus Physaloptera rud. Proc. Zool. 
Soc. Lond. 1922, 999–1107. 
Ortlepp, R. J., 1926. On the identity of Physaloptera caucasica v. Lin-
stow, 1902, and Physaloptera mordens Leiper, 1908. J. Helminthol. 4, 
199–202. 
Paabo, S., Poinar, H., Serre, D., Jaenicke-Despres, V., Hebler, J., Roh-
land, N., Kuch, M., Krause, J., Vigilant, L., Hofreiter, M., 2004. Ge-
netic analyses from ancient DNA. Ann. Rev. Genet. 38, 645–679. 
Petri, L. H., 1950. Life cycle of Physaloptera rara Hall and Wigdor, 
1918 (Nematodal Spiruroidea) with the cockroach Blatella german-
ica, serving as the intermediate host. Trans. Kans. Acad. Sci. 53, 
331–337. 
Reinhard, K. J., 1990. Archaeoparasitology in North America. Am. J. 
Phys. Anthropol. 82, 145–163. 
Reinhard, K., Bryant, V. M., 1992. Coprolite analysis: A biological per-
spective on archaeology. Archaeol. Method Theory 4, 245–288. 
Saitou, N., Nei, M., 1987. The neighbor-joining method: A new 
method for reconstructing phylogenetic trees. Mol. Biol. Evol. 4, 
406–425. 
Sato, H., Suzuki, K., 2006. Gastrointestinal Helminths of feral Rac-
coons (Procyon lotor) in Wakayama Prefecture, Japan. J. Vet. Med. 
Sci. 68, 311–318. 
Schell, S. C., 1952. Studies on the lifecycle of Physaloptera hispida Schell 
(Nematode: Spiruroidea) a parasite of the cotton rat (Sigmodon dis-
pidus littoralis Chapman). J. Parasitol. 38, 462–472. 
Shayan, P., Borji, H., Eslami, A., 2007. Isolation of DNA from a single 
Helminth using new developed kit in Iran and its PCR analysis. 
Iran. J. Parasitol. 2, 34–39. 
Tamura, K., Nei, M., Kumar, S., 2004a. Prospects for inferring very 
large phylogenies by using the neighbor-joining method. Proc. 
Natl. Acad. Sci. USA. 101, 11030–11035. 
Tamura, K., Dudley, J., Nei, M., Kumar, S., 2004b. MEGA 4: Molecular 
evolutionary genetics analysis (MEGA) software version 4. 0. Mol. 
Biol. Evol. 24, 1596–1599. 
Tamura, K., Peterson, D., Peterson, N., Stecher, G., Nei, M., Kumar, 
S., 2011. MEGA 5: Molecular evolutionary genetics analysis using 
maximum likelihood, evolutionary distance, and maximum parsi-
mony methods. Mol. Biol. Evol. 28, 2731–2739. 
Tito, R. Y., Macmil, S., Wiley, G., Najar, F., Cleeland, L., Qu, C., Wang, 
P., Romagne, F., Leonard, S., Ruiz, A. J., Reinhard, K., Roe, B. A., 
Lewis Jr., C. M., 2008. Phylotyping and functional analysis of two 
ancient human microbiomes. PLoS One 3, e3703. 
Tito, R. Y., Knights, D., Metcalf, J., Obregon-Tito, A. J., Cleeland, L., 
Najar, F., Roe, B., Reinhard, K., Sobolik, K., Belknap, S., Foster, M., 
Spicer, P., Knight, R., Lewis Jr., C. M., 2012. Insights from charac-
terizing extinct human gut microbiomes. PLoS One 7, e51146. 
Vandepitte, J., Michaux, J. J., Fain, A., Gatti, F., 1964. Premieres obser-
vations Congolaises de Physalopterose Humaine. Ann. Soc. Belg. 
Med. Trop. Parasitol. Mycol. Hum. Anim. 44, 1067–1076. 
Weyher, A. H., Ross, C., Semple, S., 2006. Gastrointestinal parasites in 
crop raiding and wild foraging Papio anubis in Nigeria. Int. J. Pri-
matol. 27, 1519–1534. 
